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Close Approach. Animals may be taken through close approaches by aircraft (including unmanned aerial systems aka UASs or drones) for observations, assessments, monitoring, photo-identification, photogrammetry, behavioral observation, hazing, and incidental harassment. Animals may be taken through close approaches by ground or vessel (including unmanned underwater vehicles including gliders or remotely operated vehicles, ROVs) for disentanglement, assessments, monitoring, photo-identification, photogrammetry, behavioral observation, capture, tagging, marking, biopsy sampling, skin scrapes, swabs, collection of sloughed skin and feces, breath sampling, blood sampling, administration of drugs, video recording, hazing, and incidental harassment.  More than one aircraft and vessel may be involved in close approaches and aircraft and vessels may approach an animal more than once. Incidental harassment of non-target animals may occur during close approaches by aircraft or vessel.  During emergency response and research activities, close approaches may occur for any age class, sex, and species (including ESA-listed species).  Methods and protocols for close approach and associated activities are described below.  The specific parameters of a close approach will be determined by the Co-Investigators prior to beginning the effort.  This discussion will take into account the need for the close approach, the species involved, and any specifics of the situation, and the Co-Investigators and other key personnel will formulate an operating plan (which may be a verbal agreement).
Aerial Surveys. Aerial surveys are used to: locate imperiled marine mammals (ESA-listed and non-listed species) including tagged individuals; monitor behavior or disease in a given population or individual; monitor body condition and extent of entanglement or injury; survey the extent of disease outbreaks or die-offs; and locate carcasses. During emergency response and research activities, aerial surveys may occur for any age class, sex, and species (including ESA-listed species).  
The aircraft type used during emergency response activities depends upon the aircraft available at the time of the response and the logistics of the activity.  Manned aircraft type includes helicopters and fixed-wing aircraft.  UASs or drones, may be either remotely-operated or autonomous.  Common types of UASs currently in use include fixed wing aircraft and Vertical Take Off and Landing (VTOL) multi-rotor craft (e.g., quad and hexa-copters), but the field is rapidly advancing and additional types are likely to be available during the project period.  Two examples of UASs that have been field tested with marine mammals are provided in Appendix F.  The frequency of surveys is dependent on the circumstances of the involved stranded or entangled animals, the disease, or the occurrence of an UME.  Aerial surveys using manned aircraft are typically flown along predetermined transect lines at a set altitude and air speed while observers scan the water for signs of marine mammals.  
The speed and altitude of the aircraft depend on the aircraft and the response or research situation and many vary depending upon the research or response need. For large cetaceans, manned surveys typically would be flown at an altitude of 230-300 m (750-1,000 ft) at approximately 110 knots (203 km/hr).  For right whales, manned surveys typically will be flown at 100 knots (185 km/hr).  For smaller cetaceans, manned surveys typically will be flown at an altitude of approximately of 230 m (750 ft).  Large survey aircraft will generally be flown at 110 knots (203 km/hr) and small aircraft will generally be flown at 97 knots (179 km/hr). When an animal or group of animals is sighted, the survey aircraft may descend and circle over the animal or animals to obtain photographs and assess the animal(s), as needed.
For manned aircraft, a minimum altitude of 153 m (500 ft) will be used for pinniped research surveys.  The typical altitude will be between 182-244 m (600-800 ft) at 80 to 100 knots (148-185 km/hr).  For Steller sea lion surveys during the breeding season, an altitude of at least 214 m (700 ft) will be used to collect photographs.  In the non-breeding season, surveys will be flown between 150-200 m (492-655 ft) at a speed of 100-150 knots (185-278 km/hr). All aerial surveys will be flown according to the NOAA Aviation Safety Policy (NOAA Administrative Order 209-124), with trained observers and pilots. 
Unmanned aircraft may be flown at lower altitudes than those listed above, but no lower than necessary to collect the data sought.  The most frequent use of UASs will be to carry a small camera to relay images to responders in real time or record video and still images that may be reviewed later of animals in distress, or carry another digital sensor such as thermal imaging.  The currently available VTOL UASs are typically no heavier than 5 lbs in weight, and have a battery life of an average 20-30 minutes, while the currently available fixed wing UASs are heavier and have battery lives of several hours.  However, this technology is rapidly evolving and we anticipate that UASs with different parameters are likely to be developed over the 5-year period of this permit, and we request flexibility to utilize them as they are available.  The altitude in these emergency response cases will be determined by the operational conditions, but is expected to be 10-50 feet in order to appropriately visualize wounds, lesions, entanglements, or other body condition parameters.  Appendix F provides an example of emergency response protocols for UAS use around large whales.  
For research studies, a higher altitude will be used; operational requirements for UASs in research studies are currently being developed by the NMFS Science Centers and Office of Protected Resources, and we will follow the protocols developed by these groups for research.  However, UASs may be used to collect additional samples; for example, an exhalate sample may be collected on an apparatus mounted beneath the UAS; the minimum altitude for this activity will be just above the whale’s blowhole (approximately 10 feet).  If the UAS is equipped to take skin scrapes (e.g., with dish scrubbies), collect a biopsy sample, or apply a tag, then the minimum altitude is 0 feet as the UAS will make contact with the mammal for a brief period of time.  Given the relatively novel nature and use of UASs, all attempts will be made in their use to learn about and report the effect of altitude, payload, and other factors on the subject(s) in specific scenarios.  Additionally, whenever possible, trials of new techniques will be conducted on carcasses prior to use in the field.  All UAS operations under this permit conducted by NOAA employees or contractors will be conducted pursuant to NOAA UAS Policy 220-1-5, including aircraft airworthiness certification, pilot and crewmember training, aircraft authorization through the FAA, preflight and operational checklists, and appropriate agency notifications.  All non-NOAA operators under this permit will be required to comply with FAA regulations and other applicable laws.  All operators will be required to have obtained appropriate training on any given airframe and meet all FAA requirements for licensing prior to being authorized under this permit.  
Vessel Surveys.  Vessel surveys of both ESA-listed and non-listed marine mammals may be conducted to: collect data on animal abundance; assess animals; locate animals for research and enhancement activities; track radio tagged individuals; and collect research samples.  The vessels themselves may be used as a platform for conducting animal sampling.  Vessel surveys using manned and unmanned surface and underwater vessels may be used to conduct assessment, post-release monitoring of rehabilitated or disentangled animals, photo-identification, photogrammetry, and monitoring/tracking. Vessel surveys may also be used to track extralimital/out-of-habitat animals and entangled animals.  During emergency response and research activities, vessel surveys may occur for any age class, sex, and species (including ESA-listed species).  
For small cetaceans and pinnipeds, inshore monitoring surveys are typically conducted using small (5-7 m) outboard motor powered boats.  Animals are located by having crew members visually search waters as the boat proceeds at slow speeds (8-16 km/hr).  Animals outfitted with Very High Frequency (VHF) radio tags are located by listening for the appropriate frequency and, after detecting a signal, maneuvering the boat towards the animal using a combination of signal strength and directional bearings.  Frequencies and remote sensors may also be monitored.  Once an animal or group of animals is located, the boat approaches them so that crew members can assess their physical and medical condition.  Photographs of individual animals may be taken for later identification and matching to existing photo-identification catalogs, e.g., humpback whale fluke, right whale callosities, and dolphin dorsal fins.  For post-release monitoring of a rescued and released cetacean, or when a small cetacean is located that has been recently caught for a health evaluation, an attempt is made to photograph the dorsal fin and body to confirm identification, health, and behavior.  A photograph of the dorsal fin would also be used to assess wound healing from tag attachment and tag position, to look at tag migration.  The area behind and below the posterior aspect of the dorsal fin may also be photographed to assess biopsy wound healing. For pinnipeds, photographs of tag and mark sites or other naturally identifying markings would be used to identify the animal and assess health and tag attachment. A telephoto lens would be used for photographs, so vessels would generally be at least 10 meters from animals.  However, in some instances the vessel may need to approach closely (within a few meters) for assessment or response purposes.  During disentanglement operations the vessel will be within 1 meter of the whale.
Multiple approaches may be required to obtain appropriate quality photographs, particularly if there are multiple individuals within a group.  Close approach is terminated and the boat moves away from the group if animals begin to display behavior that indicates undue stress that could possibly be related to the approach (e.g., significant avoidance behavior such as chuffing [forced exhalation], tail slapping, or erratic surfacing). 
Hazing and Attractants. Hazing in the context of wildlife response is defined as a process to disturb an animal’s sense of security to the extent where it moves out of an area or discourages an undesirable (and potentially dangerous) activity.  Hazing of ESA-listed marine mammals may occur if an animal is in the vicinity of an oil or hazardous material spill, harmful algal bloom, out-of-habitat, or in another situation determined to be harmful to the animal.  Cetaceans may also be hazed to deter a potential mass stranding.  Hazing activities are typically not included in SAs.  As stated on page 10, hazing may be considered to fall under the SA if it is for an individual or small number of non-listed pinnipeds or small cetaceans and the techniques used are non-acoustic.  For the majority of instances where hazing would be considered as a technique, hazing would not fall under a 112(c) agreement.  Additionally, in the context of a large oil spill, hazing activities may be conducted by non-governmental personnel (e.g., NGO or contractor staff) and therefore these activities will not always be covered under 109(h).  Given the need for flexibility and to provide coverage for all situations, hazing is requested to be authorized under the MMHSRP’s MMPA/ESA permit for all marine mammals, including non-listed, threatened and endangered species.  Incidental harassment of non-target animals is requested for all marine mammal species under NMFS jurisdiction.  The goal of a deterrent is to create aversive stimulus that excludes the animal from certain resources or habitats and capitalize upon the mechanisms of threat detection and avoidance (Schakner and Blumstein 2013).  Hazing deterrence methods include, but are not limited to, the use of acoustic deterrent or harassment devices, visual deterrents, vessels, physical barriers, tactile harassment, capture and translocation, or capture and temporary holding.  The correct use of deterrents incorporates the element of surprise, while minimizing the potential for habituation and injury.  Attractants may also be used to attempt to encourage animals to move to a different area.  
There are few widespread hazing protocols for marine mammals.  The NMFS Marine Mammal Oil Spill Response Guidelines 2006 version (available at: http://www.nmfs.noaa.gov/pr/pdfs/health/eis_appendixl.pdf) does not elaborate on hazing techniques other than to say it may be a function of the Wildlife Branch; a greatly revised version (currently in final review and expected to be published as a NOAA Technical Memorandum in 2015) contains a Chapter on the Marine Mammal Hazing Group (Appendix G). This general overview of different techniques to use for hazing marine mammals during an oil spill has been refined and evaluated through a practicality analysis for killer whales and incorporated into the 2014 Northwest Area Contingency Plan (SOP and practicality analysis available at: http://response.restoration.noaa.gov/sites/default/files/whale_response.pdf) and as Appendix E-1.  For Hawaiian monk seals hazing individual animals (animals in undesirable locations such as roadways, aggressive adult males) has been conducted using a variety of methods, but a comprehensive protocol has not been developed that has shown to be effective.  Researchers with the Hawaiian Monk Seal Research Program (HMSRP) have proposed to conduct efficacy trials of aversive tools on changing Hawaiian monk seal behavior (http://www.nmfs.noaa.gov/pr/permits/sci_res_pdfs/permit16632_application.pdf).  Any findings from the HMSRP would be incorporated into MMHSRP activities with Hawaiian monk seals, and potentially other phocids, pinnipeds, and even other marine mammals.  With regards to mysticetes, a review of the actions taken to attempt to haze a pair of humpback whales out of a freshwater river, the observed effects, and the comments of the response team can be found in Gulland et al. (2008).  This paper was used as the starting point for a similar effort to herd a gray whale out of a river in California in 2011.   Following the generalized practice stated at the beginning of the methods section, these published and unpublished experiences would be used as the starting points for future emergency response efforts, along with consultation with experts in specific species biology or habitat.  Each time a deterrent or attractant was used in an emergency response, every effort would be made to assess and document the response of the animals to the method, and conduct follow-up monitoring as possible, including looking for any injuries that might have resulted from the use of the deterrent or attractant by thoroughly examining any stranded animals recovered from the local vicinity.  
As there are few established protocols or documented results of different hazing methodologies, research studies may be implemented to evaluate various methods.  For research purposes, the use of hazing and attractants would be for method development and testing, to determine if a particular method was effective or how it could be refined to be effective.  All research on deterrents and attractants would be conducted on surrogate non-ESA listed species whenever possible, and is not expected to exceed Level B harassment.
Acoustic deterrents that may be used to deter cetaceans include, but are not limited to: pingers, bubble curtains, Oikomi pipes, acoustic deterrent devices (e.g., Airmar devices), seal control devices (seal bombs), airguns, mid-frequency and low-frequency sonar, predator calls, aircraft, vessels, and fire hoses.  Pinniped acoustic deterrents include, but are not limited to: seal bombs, Airmar devices, predator calls, bells, firecrackers, and starter pistols.  Visual deterrents for pinnipeds and cetaceans include flags, streamers, and flashing lights.  Exclusion devices for pinnipeds and cetaceans may include nets or fencing.  Additional examples of pinniped deterrents are listed on the West Coast Fisheries Science Center web page: http://www.westcoast.fisheries.noaa.gov/publications/protected_species/marine_mammals/pinnipeds/sea_lion_removals/pinnipeddeterrencemethods.pdf (note that this list is subject to revision as additional information is obtained, e.g. as a result of the NMFS meeting on deterrents held in February 2015).  The specific parameters of a hazing/attractant effort will be determined by the Co-Investigators prior to beginning the effort, in consultation with the PI if circumstances permit.  This discussion will take into account the need for the close approach, the species involved, resources available including types of deterrent devices on hand or easily acquired, and any specifics of the situation, and an operating plan will be formulated (which may be a verbal agreement). 
Pingers, which are typically used in the commercial fishing industry, produce high-frequency pulses of sound to deter animals.  The standard pinger emits a signal of 10 kHz (with harmonics to at least 60 kHz) with a source level of 132 dB re µPa at 1 m, which is within the hearing range of most cetaceans (Reeves et al. 1996).   Bubble curtains may be used as a barrier from other acoustics.  Oikomi pipes are banged together by personnel on boats.  They have been effective in herding cetaceans, but may not be as effective in keeping animals out of a large area.  
Airmar devices have a source level of 195 dB re µPa and their peak energy is at 10 kHz with higher harmonics.  These devices may be moved at low speeds on small boats or may be hull mounted on boats to allow faster movement.  They may be able deter animals 3 km away.  A line of directional Airmar devices could be deployed at the site of a spill near cetaceans to cause them to move them away from the oiled area.  The received levels needed to cause deterrence without acoustic trauma are unknown. 
Seal bombs are explosive devices that are weighted with sand to sink and explode at 2-3 m underwater, producing a flash of light and an acoustic signal of less than 2 kHz and a source level of approximately 190 dB.  The noise and light would potentially startle marine mammals, but not cause any injuries (Petras 2003).  Airguns are generally a towed array that is deployed behind a ship.  Their peak energy is dependent on size, and may range from 10 Hz to 1 kHz.  Airguns produce broadband pulses with energy at frequencies ranging over 100 kHz.  The higher frequencies are less intense and attenuate faster.  
Mid-frequency sonar may be used to deter cetaceans.  It has caused deterrence in killer whales in Haro Strait during the 2003 USS Shoup transit episode. The sonar had a source level of approximately 235 dB (exact level is classified) and the frequency ranged from 2.6-3.3 kHz over 1-2 second signals emitted every 28 seconds (USN 2004).  Mid-frequency sonar could be effective over 25 km, which would be important for deterring animals during a large oil spill.  Low-frequency sonar may also be used, especially for mysticete deterrence, but is too low for some cetaceans to hear. 
Predator calls (typically killer whale calls) may be played to deter potential prey.  However, in most situations, predator calls have proven ineffective in changing prey behavior.  Aircraft, such as helicopters, generate a fair amount of noise and wave movement at close range and could produce a startle or avoidance response.  This may be effective initially, but animals would likely habituate quickly. Aircraft could also be used to deploy seal bombs, if necessary.  Vessels may be used to herd animals back out to open water or away from a hazardous situation. Booms or line on the water may be used to displace small odontocetes from stranding.  Fire hoses may be used at close range as a physical deterrent. Fire hose spray on the surface of the water proved successful at causing two out-of-habitat humpback whales to change course, although responders were unable to use them with lasting herding effect (Gulland et al. 2008).
Attractants that may be used include playbacks of acoustic calls of conspecifics or prey and release of chemosensory stimuli that could lure marine mammals from one harmful area to another that would be safer.  Dimethyl sulphide (DMS) is a naturally occurring scented compound that is produced by phytoplankton in response to zooplankton grazing.  DMS has been experimentally proven to be an attractant to seabirds (Nevitt et al. 1995); extreme olfactory sensitivity to DMS has been shown in harbor seals (Kowalewsky et al. 2006).  It is currently under investigation as a potential attractant for mysticete whales (Jensen pers. comm.); if proven to work it could be used during an emergency response although specific methods have yet to be worked out.
To appropriately deploy and use many of these hazing methodologies, field responders need to be trained and experienced.  The best way to ensure trained responders and to provide the necessary experience is to use the tools in a non-emergency preparatory training scenario (e.g., during an exercise or drill).  Drills can be designed to minimize impacts on marine mammals (taking into account geography, season, etc.), but there is still the potential for incidental harassment.  For instance, when using oikami pipes as part of a drill, the sound produced may result in harassment of cetaceans that are within the acoustic range of the activity.   Incidental harassment resulting from preparatory exercises and trainings is requested under this permit on Take Table 1 (as these are takes associated with preparation for emergency response activities) as part of the “As Warranted” request.
Capture, Restraint, and Handling.  Capture of any species of ESA-listed marine mammals (cetaceans and pinnipeds) may be necessary during research and enhancement activities to perform a veterinary examination; evaluate a wound, disease, entanglement, or injury; attach tags and/or scientific instruments; and collect specimens.  As the SA is issued under the MMPA (as an MMPA 112(c) agreement), it provides coverage for “take” under the MMPA only.  When responding to ESA-listed stranded or entangled animals, the authorization for “take” under the ESA does not come from the SA and must come from this permit.  Capture of non-ESA listed marine mammals will be necessary during research activities and disentanglements under this permit.  
To the extent possible, the MMHSRP will collaborate with other permitted researchers during their scheduled capture programs, especially for those on ESA-listed pinnipeds, to collect different or additional samples for evaluation, diagnostics, or surveillance purposes.  Therefore, the capture of these animals will occur under the permits of the other researchers, while the samples collected for the MMHSRP would be takes under this permit (termed “piggy-backing;” Take Table 2).  
In some instances there may be a need to capture additional animals (beyond those permitted elsewhere), or to conduct a sampling trip outside of the scheduled programs of the researchers – e.g., to a different geographic area or in a different season.  In these instances, the capture of the animals (as well as subsequent sampling) will occur under this permit.  This applies to ESA-listed pinnipeds (excluding Hawaiian monk seals) as listed on Take Table 2.  We are not requesting capture authorization for ESA listed small cetaceans.
During emergency response, capture, restraint, and handling may occur for any age class, sex, and species of ESA-listed species.  For research activities, capture, restraint, and handling will occur on all animals including pregnant and lactating females and pups/calves except for small cetacean young of the year.  Prior to beginning a field capture response or research program, the specific needs of the situation will be assessed by the PI and Co-Investigators to determine which activities will be performed (including the determination of the appropriate capture method) and which samples need to be collected and prioritized.
During emergency response, non-target animals may be incidentally harassed.  For instance, “healthy” pinnipeds on a haul-out near a stranded animal may be flushed from the haul-out during the capture operation.  While the capture operations around the target stranded animal is covered under the Stranding Network responder’s SA, the incidental harassment of any non-target animal is requested under this permit (Take Table 1).   In very rare instances, capture operations for a stranded or entangled animal may result in the accidental mortality of a non-target animal.  For example, when capturing a free-swimming entangled bottlenose dolphin, an associated animal may also be netted and may drown.  All precautions will be taken to minimize the likelihood that non-target animals are caught in the net, and if caught, will be released as quickly as possible.  However, in the unlikely event that one of these associated animals perishes, accidental mortality is requested (Take Table 1).   If a non-target animal is accidentally killed during emergency response activities, the circumstances surrounding the death will immediately be reviewed and future similar responses will be modified as appropriate, which may include cessation (in the example given, ceasing all capture operations for free-swimming entangled dolphins) if appropriate modifications or mitigation cannot be identified.  If the target (entangled, debilitated, injured) animal is accidentally killed (i.e. not euthanized) during the response, the circumstances will likewise be reviewed, but these deaths are more likely given the compromised nature of the animals.  For non-ESA listed species, this mortality would be counted under the SA and not under this permit. 
Capture methods may include, but are not limited to, hand, nets, traps, behavioral conditioning, and anesthesia/chemical immobilization.  
Capture and restraint of cetaceans (listed and non-listed) occurs during investigations such as health assessment studies, prospective research, emergency response, and disentanglement activities.  Typical methods currently used during health assessment studies and for emergency response are described below.  However, these methods may vary depending on the species and location and may change during the requested 5-year permit authorization period depending upon advances in technology.   No research captures are currently requested for ESA-listed small cetacean species.  For research health assessment studies of non-listed small cetaceans, primarily bottlenose dolphins, but which could include other species, small groups of animals are approached for identification (see description under vessel surveys).  Every effort will be made to capture no more than four (4) dolphins at a time during a net set.  Additionally, in the rare event that more than 5 dolphins are captured at one time, the additional animals will be immediately released unless the attending veterinarian determines that doing so could have a negative impact on individual dolphins.  If working in water greater than >2 m every effort will be made to capture no more than two (2) animals at a time during a set.  Ideal circumstances include shallow water (less than 1.5 m) where personnel can stand on hard bottom to support the dolphins as necessary, with minimal current and no obstacles that will catch the net.  The animals are encircled with a 400-600 m long by 4-8 m deep seine net, deployed at high speed from an 8 m long commercial fishing motor boat.  Small (typically 5-7 m) outboard-powered vessels may be used to help contain the animals until the net circle is complete.  These boats make small, high-speed circles, creating acoustic barriers. 
Once the net corral is completed, about 15-25 handlers are deployed around the outside of the corral to correct net overlays and aid any animals that may become entangled in the net.  The remaining 10-20 or more team members prepare for sampling and data collection and begin the process of isolating the first individual.  Isolation may be accomplished by pinching the net corral into several smaller corrals.  Handlers are sometimes able to hand catch the selected animal as it swims slowly around the restricted enclosure.  However, a few animals may strike the net, become entangled, and need to be quickly disentangled.  After animals are restrained by handlers, an initial evaluation is performed by a trained veterinarian.  Once cleared by the veterinarian, the animal is transported to the processing boat via a Navy mat or in the water by a team of handlers, accompanied by a veterinarian.  A specially-designed sling is used bring the animal aboard the examination vessel, and at the end of the exam, to place an animal back in the water for release.  
In some cases, cetaceans may be captured in deep waters.  A break-away hoop-net is used to capture individuals as they ride at the bow of the boat.  When they surface to breathe, the hoop is placed over their head and they move through the hoop, releasing the net.  The additional drag of the net slows the animals substantially, but the design allows the animal to still use its flukes to reach the surface to breathe. The net is attached to a tether and large float, and the animal is retrieved, maneuvered into a sling and brought onboard the capture boat.  
Small cetaceans (including emergency response situations involving Hawaii insular false killer whales, Cook Inlet beluga whales, and Southern resident killer whales) in shallow water may be caught using a net deployed from a boat with methods similar to those described above.  In rivers and canals, responders may use their bodies, boats, sounds or nets to herd an animal and then capture it by hand.   In deep water, a hoop net may be used to capture animals.  
For land captures of pinnipeds (including both those species listed under the ESA and non-listed), net types may include, but are not limited to, circle, hoop, dip, stretcher, and throw nets.  Net guns and pole nooses may be used for capture of pinnipeds.  An injectable immobilizing agent administered remotely by a dart or pole syringe or by hand, may also be used to subdue animals if warranted by the circumstances (e.g., older or larger animals).  Herding boards may be used to maneuver animals into cages. For water captures of pinnipeds the use of the following devices include (but are not limited to): dip nets, large nets, modified gill nets, floating or water nets (nets with a floating frame that may be brought adjacent to a haulout which the animals jump in to), and platform traps.  Purse seine or tangle nets may be used offshore of haul-out sites to capture animals when they stampede into the water.  Animals become entangled by the net as it is pulled ashore (seine) or in the water (tangle).  Once removed from the net, animals are placed head first into individual hoop nets.  Pups may be restrained by hand, in a hoop net, with injectable sedatives or anesthetics, or with the inhalation of a gas anesthesia (administered through a mask over their nose).  Older animals may be restrained by hand, using gas anesthesia (administered through a mask or endotracheal tube), a fabric restraining wrap, a restraining net, a restraint board or through sedation (either intramuscular (IM) or intravenous (IV)), as determined by an attending veterinarian, veterinary technician, or experienced biologist (see Administration of Medications, below).  
Transport.  Vehicles, boats, or aircraft may be used to transport marine mammals, regardless of reason for transport.  Transport times may vary from a few minutes to several days, depending upon the stranding and rehabilitation locations.  For example, transport of a stranded pinniped in a remote part of Alaska may take 48 hours to be transported to rehabilitation at the Alaska SeaLife Center in Seward, and transport would likely occur via a combination of plane (or helicopter) and vehicle (including snowmobile, truck, or van).  Transports of Hawaiian monk seals from the Northwest Hawaiian Islands to the rehabilitation center on the Big Island may take several days via boat or many hours via plane.  Transports of stranded cetaceans in the Pacific Northwest from temporary holding facilities to rehabilitation centers capable of long-term rehabilitation located in California may take several hours via vehicle and plane.
 Cetaceans may be transported on stretchers, foam pads, or air mattresses.  For short-term transport, closed-cell foam pads are preferred because they are rigid and do not absorb water.  Open cell foam pads are typically used for long-term transport of cetaceans because it can contour to the animal’s form.  Boxes may be constructed to transport the animal upright in a stretcher in water. Cetaceans must be protected from exhaust fumes, sun, heat, cold, and wind, as transport often occurs on the flatbed of a truck.  Animals are kept moist and cool, to avoid overheating (Geraci and Lounsbury 2005). 
Small pinnipeds are typically transported in plastic kennel cages or metal cages.  Cages are large enough for animals to turn around, stretch out, and raise their heads, and allow proper air circulation.  As with cetaceans, pinnipeds traveling by vehicle must be protected from the sun, heat, cold, wind, and exhaust fumes.  Pinnipeds may overheat during transit and wetting the animal helps to prevent hyperthermia (Geraci and Lounsbury 2005).  Fur seals should be transported in a cage with a double base to allow separation between the animal and fluids and excrement that may soil the fur.  Large pinnipeds will be transported in appropriately sized crates or containers, which may need to be custom made.  If animals cannot be appropriately contained, or to reduce the stress experienced, some animals may need to be sedated during transport. 
Transport procedures for marine mammals used in scientific research under U.S. jurisdiction follow the Animal and Plant Health Inspection Service’s (APHIS) “Specifications for the Humane Handling, Care, Treatment, and Transportation of Marine Mammals” (9 CFR Ch 1, 3.112).  The “Live Animal Regulations” published by the International Air Transport Association (IATA), and accepted by the Convention on International Trade in Endangered Species of Wild Fauna and Flora, are followed for the air transport of animals under foreign jurisdiction (IATA 2006).  Both sets of standards have specifications for containers, food and water requirements, methods of handling, and care during transit.  In emergency response situations we will make every attempt to use APHIS or IATA standards, but may have to modify them (such as not having an attendant with the animal) in remote locations or for short flights. 
Attachment of Scientific Instruments.  Instrumentation of ESA-listed marine mammals may be used to monitor the animal’s location and assess an animal’s movements after immediate release (from a stranding site), release after rehabilitation, after disentanglement, or release after research activities.  Tagging of non-listed marine mammals may occur as part of a research project or for monitoring rehabilitated or disentangled animals post-release when such tag devices are considered intrusive or experimental.  Other tags or scientific instruments deployed on animals as part of an emergency response intervention or as part of a scientific research project may be used to obtain physiological data (dive depth, dive duration, heart rate, ECG, EEG, stomach temperature, etc.), oceanographic data (water temperature, light levels, chlorophyll levels, etc.) and/or acoustic data (animal and other underwater sounds).  The method of tagging will be chosen based upon the criteria of the situation including, but not limited to, the subject species, the data needs from the tag, the required tag duration, the number of animals to be tagged, and the supplies on hand for the tagging (including available funding).  The least invasive tagging method possible that meets the requirements of the situation will be chosen.  Based upon the size, age class, and species being tagged, as well as the other procedures being conducted while the animal is in hand, individuals may be sedated or anesthetized for marking, as described in the sections on administration of medications.
During emergency response enhancement activities, tags or scientific instruments may be attached to any age class, sex, and species (including ESA-listed species).  During research activities, tags will not be attached to large cetacean calves less than six months of age or females accompanying such calves (note that this does not apply to emergency response enhancement activities, when tags may be attached to large cetacean calves or females with accompanying calves in distress).  For small cetaceans, no tagging will occur on calves less than one year of age (beyond roto-tagging if necessary).  Tags may be attached to pinnipeds of all age classes, sex, and species for research and response activities, including pups (nursing and weaned), lactating females, and pregnant females. 
A variety of tags (including scientific instruments) may be attached to or implanted in an animal in both emergency response and research scenarios.  The type of tag and method of attachment depends on the species being tagged and the type of desired follow-up monitoring, research or question being addressed. Types of tags that are used include, but are not limited to: roto-tags (cattle tags), button tags, very high frequency (VHF) radio tags, satellite-linked tags, Passive Integrated Transponder (PIT) tags, radio frequency identification (RFID) tags, digital archival (D-tags), LIMPET tags, code division multiple access (CDMA) tags, pill (e.g., stomach temperature telemeters), time-depth recorders (TDRs), life history transmitters (LHX tags), and Crittercams (video cameras).  Tag attachment methods vary with tag type, species, and circumstances.  Attachment methods for cetaceans include, but are not limited to: bolt, tethered-buoy, tethered, punch, harness, suction cup, implant, or ingestion.  Pinniped attachment methods include, but are not limited to: glue, bolt, punch, harness, suction cup, surgical implant, or ingestion.  Tags may be affixed to an animal in hand (rehabilitation or health assessment) or deployed remotely on a free-swimming animal (entangled or out-of-habitat; see below).  Specific tags and methods of attachment will be evaluated for each situation in consultation with biologists, veterinarians, and other personnel with recent experience with a particular tag or type of tag to determine optimal protocols.  As new technologies are developed, and the best available science improves, the standard techniques will likely change. 
Tags are generally attached to free-swimming cetaceans by crossbow, compound bow, rifles, spear guns, slingshot (or throwing device), pole or jab spears.  Tag deployment by UAS is currently in development. Tags will only be applied by experienced marine mammal biologists, trained in the relevant techniques for the chosen tag type.  Prior to deployment, new tag types and attachment methods will be tested first on carcasses to ensure appropriate function of the dart prior to being used on live animals, and will then be approved by NMFS PR1.  The tag attachments typically occur via a suction cup device or implant, and tag attachment duration is variable from hours to months or even years.  Scientific instruments attached via suction cups include, but are not limited to D-tags, TDRs, VHF tags, satellite-linked tags, acoustic tags, physiologic tags, and Crittercams. Large, slow moving whales may be tagged via suction cups using a pole delivery system, handheld or cantilevered on the bow of a boat.  Bow-riding animals may be tagged using a hand held pole.  Crossbows are the preferred method for tagging fast-moving toothed whales.  Tags are attached on the dorsal surface of the animal behind the blowhole, closer to the dorsal fin.  Tag placement ensures that the tag will not cover or obstruct the whale’s blowhole, even if the cup migrates after placement (as any movement would be toward the tail). 
Implantable tags may be attached on free-swimming cetaceans by mounting the instrument on an arrow tip or other device designed to penetrate the skin of the animal.  Any part that will be implanted in an animal would be thoroughly cleaned and sterilized using the best techniques available in the given location (e.g., capabilities of laboratories) and appropriate to the material (e.g., antibacterial soap, bleach solution, ethanol solution, autoclave) prior to being brought into the field and would be maintained as sterile as possible in the field (e.g., wrapped in foil, stored in sterile sample bags, etc.) prior to use.  Currently many tags are typically deployed by crossbow and may include, but are not limited to LIMPET tags, satellite-linked tags, VHF tags, D-tags, and TDRs. There continues to be significant Research and Development on tag technology and deployment.  As new information on efficacy and risks become available, testing followed by use may occur. Tethered buoys are used to attach VHF, GPS, and/or satellite-linked tags to gear on entangled whales.  Buoys may also be attached to increase drag and buoyancy in an attempt to slow a whale’s swim speed and maintain it at the surface for disentanglement.  Animal monitoring systems such as digital still or video cameras, passive acoustic recorders, drag load cells, time-depth recorders, etc., may also be attached to gear trailing from an entangled whale. 
For animals in hand, tags may be attached for longer deployments.  Roto-tags may be attached to cetaceans with a plastic pin to the trailing edge of the dorsal fin (Balmer et al. 2011).  Single pinned satellite-linked and VHF tags will be applied along the trailing edge of the dorsal fin. The attachment pin is a 5/16" delrin pin, machine-bored to accept a zinc-plated flathead screw in each end.  A stainless steel washer will be inserted between the screw head and the tag attachment wings. The tag attachment site will be cleaned with chlorhexiderm scrub followed by a methanol swab, rinsed with methanol and injected with lidocaine. A sterilized or disinfected biopsy punch will be used to make a 5/16” diameter hole in the desired region of the fin (where the fin is sufficiently thin that tag will swing freely and not apply pressure to the fin).  Visible space (about the thickness of a playing card) will be left between the tag and the fin to ensure the tag is not too tight. Photographs of the fin will be taken both before and after the tags are attached. The pin on each type of tag is held in place by screws that will corrode in seawater and allow the tag to be released. Roto-tags will be applied using similar techniques and in a similar location as described for the electronic tags, with the exception that anesthetic injection will be optional based upon veterinary discretion, no delrin pin will be needed, and there is no corrodible release mechanism.    
Dorsal ridge “spider tags” may be used on beluga whales, excluding Cook Inlet beluga whales (Litzky et al. 2001, Hobbs et al. 2005).  Up to four holes are bored in the region of the anterior terminus of the dorsal ridge using a coring device (trochar) with a diameter of no more than 1 cm, where the trochar is of an equal diameter to the pins to be used.  Rods of nylon or other non-reactive material, not greater than 1 cm in diameter and 50 cm in length, would then be pushed through the holes and attached to the wire cables or other straps of the satellite-linked tags or through bolt holes in the tag. The wire cables would be tightened to hold the tag against the back of the animal to minimize tag movement and drag, but would not be put under significant tension to avoid pressure necrosis around the pin insertion points.  The other attachment systems would be manipulated to achieve the best possible fit depending on their design.  Excess rod would then be cut off.  All equipment would be sterilized in cold sterile solution, alcohol, or equivalent, and kept in air- and water-tight containers prior to use.  Trochars and rods would be coated with antiseptic gel prior to insertion and each trochar would only be used for one hole before it is cleaned, sharpened, and re-sterilized.  Where more than one instrument is to be attached, the number of pins would be limited to four.  Additional instruments may include but aren’t limited to LIMPET tags and suction cup tags.  Recently, LIMPET tags were tested as an alternate method of satellite tagging beluga whales in Bristol Bay, AK.  The 14 tags transmitted between 30 and 114 days, which is 
A fast drying adhesive, generally but not exclusively epoxy, is used to glue scientific instruments to pinnipeds.  Instruments may be attached to the dorsal surface, head, or flippers and will release when the animal molts.  Roto-tags can be attached to flippers using a single plastic or metal pin.  Tags can also be injected or surgically implanted subcutaneously, intramuscularly or into the body cavity of pinnipeds.  Implanted tags include but are not limited to PIT, radio, satellite-linked, and LHX tags.
A PIT tag is a glass-encapsulated microchip, which is programmed with a unique identification code.  When scanned at close range with an appropriate device, the microchip transmits the code to the scanner, enabling the used to determine the exact identity of the tagged animal.  PIT tags are biologically inert and are designed for SQ injection using a needle and syringe or similar injecting device.  The technology is well established for use in fish and is being used successfully on sea otters (Thomas et al. 1987), manatees (Wright et al. 1998), and southern elephant seals (Galimberti et al. 2000).  PIT tags are also commonly used to identify domestic animals.   PIT tags may be injected just below the blubber in the lumbar area, approximately 5 inches lateral to the dorsal midline and approximately 5 inches anterior to the base of the tail.  Tags may also be injected at alternative sites on a pinniped’s posterior, but only after veterinary consultation.  Tags may be injected into the alveolus of dolphins following tooth extraction; this would allow for the identification of stranded animals too decomposed to identify by other means such as the dorsal fin, but which are known to have been previously sampled because they are missing the tooth taken during a health assessment study.  The injection area would be cleansed with Betadine (or equivalent) and alcohol prior to PIT tag injection.  PIT tags are currently being used in Hawaiian monk seals (NMFS Permit No. 16632-00) and harbor seals (NMFS Permit No. 16991) and have been used without known complications for over 10 years.  
Surgically implanted tags other than PIT tags will require sedation and local or general anesthesia for surgical implantation and may include VHF or other type tags. LHX tags are implantable, satellite-linked life history transmitters used to measure mortality events in pinnipeds.  The tag allows continuous monitoring from up to five built-in sensors, including pressure, motion, light levels, temperature, and conductivity.  Specifically for LHX tags, the tag is surgically implanted by a veterinarian into the abdominal cavity while the animal is anesthetized.  An incision of 7-8 cm long through the abdominal wall, including abdominal muscles and peritoneal layers, is required to insert the tag (note that this measurement may change if the specifications of the tags change, but is likely to be reduced in size as technology improves).  The incision is closed using absorbable sutures and may be further secured with surgical glue or dissolvable staples.  When the animal dies, the tag is released from the body and floats to the surface or falls out onshore.  Data from the tag are transmitted to a NOAA satellite and then processed via the ARGOS system.  The battery life of an LHX tag is approximately 15 years. LHX tags have been authorized under current and previous MMPA/ESA research permits issued by NMFS (e.g, Permit No.1034-1685 [California sea lions] and No. 1034-1887, 14336, and 14335 [Steller sea lions]).  These tags could be used for long-term monitoring of rehabilitated animals as well as research animals, on listed and non-listed species.  A second generation of LHX tags, known as LHX2, were recently developed by Wildlife Computers and Dr. Markus Horning.  These tags are only 3.8 inches long and should require a smaller incision than the previous model, and can be used on smaller marine mammals such as fur seals and sea otters.  
For all types of tags, once the parameters needed from the tag were determined and used to identify a particular tag type, biologists and veterinarians with expertise in using that particular kind of tag would be consulted with and form part of the expert group to generate the protocols to use for the emergency response or research.
Marking.  All marine mammals, regardless of age, sex, or species may be marked during emergency response and research activities.  Marking methods include, but are not limited to: bleach, crayon, zinc oxide, paint ball, notching, hot branding, and freeze branding.  The method of marking will be chosen based upon the criteria of the situation including, but not limited to, the subject species, the distance from which the mark must be distinguishable (e.g., how approachable is the animal, will it be recaptured and in hand or must the mark be viewed from farther away), the intent for the marking (e.g., identify previously handled individuals for researchers or rehabilitators, NRDA purposes, identification for subsistence hunters, mark/recapture population assessment), whether a tag could be used instead of or in addition to the mark, the potential user groups that would be reading the mark (e.g., subsistence hunters, biologists, oil spill responders, general public),  the needed duration of the mark (days, weeks/months during a given field season, multiple years, lifetime of the animal), the number of animals to be marked, and the supplies on hand for the marking.  The least invasive marking method possible that meets the requirements of the situation will be chosen.  Based upon the size, age class, and species being marked, as well as the other procedures being conducted while the animal is in hand, individuals may be sedated or anesthetized for marking, as described in the sections on administration of medications.
Crayons, zinc oxide, and paint balls can be used on cetaceans and pinnipeds for temporary, short-term marking.  Bleach or dye (human hair dye) markings can be used on pinnipeds.  The marks are temporary, with the length of time dependent on molting, and non-invasive.
Notching can be used to permanently mark cetaceans by cutting a piece from the trailing edge of the dorsal fin.  Notching in pinnipeds removes a piece of skin from the hind flipper of phocids and the fore flipper of otariids.  Notching is slightly invasive as it does involve removal of tissue but it can generally be accomplished quickly.  
Cetaceans can be marked using freeze branding, typically on both sides of the dorsal fin and/or just below the dorsal fin.  Protocols developed as part of other cetacean health assessment projects will be used (Irvine and Wells 1972; Irvine et al. 1982, Odell and Asper 1990, Scott et al. 1990, Wells 2009).   Freeze branding uses liquid nitrogen to destroy the pigment producing cells in skin.  Each brand (typically letters and/or numbers approximately 2 in high) is supercooled in liquid nitrogen and applied to the dorsal fin for 15-20 seconds.  After the brand is removed, the area is wetted to return the skin temperature to normal.  Branded areas may eventually re-pigment, but may remain readable for more than 10 years. Freeze brands provide long-term markings that may be important during subsequent observations for distinguishing between two animals with similar fin shapes and natural markings.   Freeze branding may be used to produce two types of marks on pinnipeds.  Short contact by the branding iron destroys pigment producing cells, leaving an unpigmented brand.  Longer contact with the brand destroys these cells and the hair, leaving a bald brand (Merrick et al. 1996).  During health assessments, each animal is photographed and videotaped to record the locations of freeze brands.   
Hot branding is used in several existing longitudinal studies of certain populations of pinnipeds to assess long-term survival and reproduction.  Hot branding uses heat to kill both hair follicles and pigment-producing cells to leave a bald brand, similar to the longer contact freeze-branding method.  Each brand (typically letters and/or numbers approximately 8 cm high) is heated in a propane forge until red-hot.  Brands are applied with less than 5 lbs of pressure for a maximum of 4 seconds per digit. Details of hot branding techniques on pinnipeds are documented in Merrick et al. (1996).   Hot brands have been documented to be long-lasting, with Steller sea lions resighted with readable marks at least 18 years after having been branded (Merrick et al. 1996).  Potential mortality from hot branding was recently investigated by Hastings et al. (2009), and data did not suggest mortality up to 12 weeks resulting from the application of brands, capture, or other disturbance associated with branding. 
In general, freeze branding will be chosen over hot branding when a long-term mark is needed and it has been determined through previous work on that species or a closely related species to be a viable means of long-term identification (e.g., freeze brands could not be read on Southern elephant seals when they were resighted in subsequent years, McMahon et al. 2006), but there may be some situations in which hot branding is the best option.  In remote locations, or when the response needs to occur very quickly, a propane forge may be much simpler to acquire, maintain, transport, and handle in a field situation than a supply of liquid nitrogen.  For some species, hot brands may also be more readable. For ESA-listed species, we are requesting authority to hot brand all species of pinnipeds excluding Hawaiian monk seals as part of emergency response activities.  We are not requesting authorization to hot brand Hawaiian monk seals.  Only highly experienced and well-trained personnel will be involved in branding operations. Typically, branding is the last procedure to occur when handling the animal.  Therefore, immediately after branding and recovery from anesthesia (if used), the animal can be returned to the water (or near the water, for pinnipeds).  Animals are observed for deleterious effects during recovery (aberrant respiration rate, sluggishness, lack of response, signs of injury).  Once returned to the ocean, the sea water acts as the best analgesic to alleviate any pain associated with branding and begins the healing process.
Disentanglement.  Entanglement response efforts are conducted for many marine mammals under the oversight of the MMHSRP.  For large whales, entanglement response efforts may include vessel and aerial surveys as described above for the affected animal and incidental harassment of non-entangled animals during these searches.  Close approaches may occur to assess and document the extent of the entanglement and the health of the animal.  Disentanglement, close approach, and biopsy sampling activities may occur on any age class, sex, and species of large whale (including ESA-listed species) that is observed entangled. The animal may be either physically or chemically restrained. Physical restraint of the animal may be used to slow down an animal, provide control, and maintain large whales at the surface.  Physical restraint is accomplished by attaching or determining control line(s); attaching floats or buoys, and/or sea anchors to the entangling gear with a grappling hook or other means (e.g., skiff hook deployed from pole); or by attaching new gear (e.g., tail harnesses) to the animal to hold it.  The drag and buoyancy from small boats may also slow down an animal and maintain it at the surface.  Remote sedation may also be used to restrain the animal. Remote administration of chemical agents (e.g., antibiotics) may be used to improve the animal’s prognosis.  Animals may be tagged with buoys, telemetry or other, to monitor their location and enhance the probability of relocating the individual.  Responders use control lines to pull themselves up to the whale.  Specialized crossbow tips bearing blades can be used to cut ropes remotely.  These would be rarely used by skilled marksmen when there was judged to be no alternative available to access the entangling line(s).  Cutting of lines and possibly flesh (when the line is embedded) may occur during disentanglement through the typical use of pole-mounted and remotely-delivered cutting tools.  New advances in technology and development of tools not currently in existence may result in new tools to use in the field within the requested 5-year duration of this permit.  Some new gear may include means to control the release of the gear such as corrodible or degradable links.  New tools developed will be provided to PR1 for review and approval on a case-by-case basis prior to use on live animals.  Documentation of the reaction of the animal, the effectiveness of the tool, and the tissue response would be provided to PR1 following use when possible.  Skin sampling may occur, either through the use of a remote dart (described below under biopsy sampling), the collection of tissues from the removed fishing gear, or the collection of sloughed skin from the water.  The animal may be monitored and recorded acoustically through the use of passive acoustics during the entanglement response process.  
For pinnipeds and small cetaceans, disentanglement efforts may include capture with incidental disturbance of non-entangled animals, restraint, surgery under sedation (with gas or injectable anesthesia), rehabilitation, administration of chemical agents (sedatives and/or antibiotics), and release.  Response to entangled small cetaceans sometimes can be accomplished from small boats through the use of long-handled cutting tools without capture, but typically requires in-water capture of free-swimming animals using the methods previously described.  Some animals may have impaired locomotion if the gear is heavy or anchored.  Entangled pinnipeds are typically but not always captured on land when they are hauled out.  They may also be captured using a net with a floating frame as they jump off of a haul-out into the water or in-water purse-seine or tangle net techniques.  Remote sedation may be used to improve the ability of responders to capture and restrain the animal.  Animals may be freed of gear and immediately released, or brought into a rehabilitation facility for a period of time prior to release.  These capture methods are described above.  Incidental harassment of all marine mammals under NMFS jurisdiction (non-listed and ESA-listed) during disentanglement is requested.
Holding.  Short-term holding of animals in a captive setting may occur under this permit.  Stranded ESA-listed animals may be held for rehabilitation purposes in a facility holding a SA following a medical determination that rehabilitation was the appropriate course of action. Additionally, healthy animals may be held in short-term holding as a mitigation measure during an oil spill to protect them from becoming oiled.  As previously described, all facilities holding an SA have been evaluated under the Policies and Best Practices for Marine Mammal Stranding Response, Rehabilitation, and Release (Appendix C), and have been determined to meet the criteria for an issuance of an SA as well as the Minimum Standards for Rehabilitation facilities.  For ESA-listed species, facilities must also follow the ESA Rehabilitation Procedural Directive (Appendix D).  Under these standards, facilities rehabilitating ESA species are required to have quarantine protocols to minimize the spread of infectious diseases within the facility.   Research animals (non-listed and ESA-listed) may be held under this permit for short-term in rehabilitation facilities or research facilities authorized by USDA/APHIS.  See Captive Section below.   
If a rehabilitated marine mammal (ESA-listed species) is determined to be non-releasable into the wild, the animal may be placed in permanent captivity with the approval of the NMFS Regional Administrator and NMFS PR1 (and any necessary permits issued to the recipient facility).  A non-releasable individual of any NMFS species may be maintained in captivity under the authority of this permit after the non-releasability determination has been made by the NMFS Regional Office until permanent placement occurs.  Any procedure deemed medically necessary by the attending veterinarian (in consultation with the PI) may be conducted while the animal is being held.  Research procedures described herein could also be performed on the non-releasable animals.   
Release.  Stranded ESA-listed marine mammals are admitted into rehabilitation with the intent to release them back to the wild once healthy.  As previously described, animals are assessed following the Standards for Release (Appendix C) by the attending veterinarian at the rehabilitation facility. Rehabilitation facilities must also follow Procedural Directive 02-308-01 (Appendix D) when rehabilitating ESA-listed marine mammals.  Once deemed releasable by NMFS, animals are captured from their rehabilitation pool or pen, loaded into an appropriate container based on species and size, and transported to a release site.  Transport may occur by truck, boat, plane, or any combination of the three.  Animals may be released from the beach or may be transported some distance offshore for an at-sea release.  In accordance with the Policies and Best Practices for Marine Mammal Stranding Response, Rehabilitation, and Release (Appendix C), all rehabilitated marine mammals are marked prior to release. Every effort will be made to facilitate post-release monitoring and follow-up observation and tracking, when feasible.
Diagnostic Imaging. Diagnostic imaging, including but not limited to, thermal imaging, ultrasound, x-ray, magnetic resonance imaging (MRI), and computed tomography (CT) scans, may be conducted on ESA-listed species of marine mammals during response activities and all marine mammals during research.  This includes free ranging animals, animals captured during emergency response (ESA-listed species), animals undergoing rehabilitation (ESA-listed species), as part of post-mortem examination (ESA-listed species); or, during research activities on any species in the wild, in rehabilitation, or in captivity.  Diagnostic imaging could be conducted on animals of any age/sex including pregnant females.  
Ultrasound may be used to evaluate a variety of anatomic structures including but not limited to blubber thickness, bone density, wounds, lesions, reproductive organs (including pregnancy status assessment), and blood vessels.  Ultrasound may also be used to evaluate cardiac function, lung condition, other internal organs, and the presence of fat or gas emboli.  B-mode, 2-D, 3-D and doppler imaging may be used on all marine mammals.  Any diagnostic ultrasound unit with a “scroll” or “zoom” capability (to visualize deeper structures) would be used to examine marine mammals (Brook et al. 2001). Transducer type will depend on the area of interest and the size of the patient. Chapter 26 of the CRC Handbook of Marine Mammal Medicine will be used as a reference for equipment and methods of ultrasonography for marine mammals (Brook et al. 2001).  External and internal (transvaginal and transrectal) ultrasound procedures may be conducted.  During transvaginal and transrectal ultrasounds, a well lubricated transducer probe is inserted into the appropriate orifice to the minimum depth required to visualize the structures being observed.  The length and diameter of the probe will be determined by the species and individual anatomy. Sedation may be necessary for the comfort of the animal.  The level of sedation/restraint is at the discretion of the attending veterinarian.  Cetacean ultrasounds will be conducted, as often as possible, while the animal is in water.  
For example, during health assessment studies of bottlenose dolphins, a diagnostic ultrasound is used to examine the condition of the internal organs and to measure testis length and diameter to assess male maturity.  Females are also examined by a veterinarian during the initial evaluation for pregnancy and the presence of developing follicles. The ultrasound operates at a frequency of about 2.5-5.0 MHz, well above the dolphin’s hearing.  The examinations are recorded on video and audio tape, and thermal prints are made of features of interest. In addition, digital video thermography is used to measure skin temperature. 
Radiographic methods may include radiographs, dual-energy X-ray absorptiometry (DXA), CT, and MRI.  Radiographs, DXA, CT and MRI may be used for a variety of diagnostic reasons including, but not limited to, detection and assessment of: entanglements, ingested foreign objects (e.g., hooks), wounds, lesions, parasites, infection, pregnancy, bone density, and dental health including age estimation.  Additionally, radiographs, CT and MRI may also be used to evaluate cardiac function, other internal organs, and the presence of fat or gas emboli.  
Any diagnostic radiograph unit including digital, portable field, and dental units will be used to examine marine mammals.  Plate and film type will depend on the area of interest and the size of the marine mammal.  Any CT or MRI could be used to examine marine mammals which would typically involve transport of the marine mammal to a veterinary or human facility (e.g., for brain scans, bone scans, specialized cardiac scans, etc.).  Chapter 25 of the CRC Handbook of Marine Mammal Medicine will be used as a reference for equipment and methods of radiography for marine mammals (Van Bonn et al. 2001).  For some species, sedation and/or anesthesia may be necessary for the comfort of the animal and to limit movement for radiography; or, imaging may be conducted concurrently with other scheduled medical procedures requiring sedation or anesthesia.  The level of sedation/restraint is at the discretion of the attending veterinarian.  
Sample Collection and Analysis.   Specimen samples will be taken from ESA-listed NMFS species during research, enhancement (i.e., stranding/entanglement response) and necropsy activities and from non-listed NMFS species during research activities.  Specimen materials may include, but are not necessarily limited to: earplugs, teeth, bone, tympanic bullae, ear ossicles, baleen, eyes, muscle, skin, blubber, internal organs and tissues, reproductive organs, mammary glands, milk or colostrum, serum or plasma, urine, tears, blood or blood cells, cells for culture, bile, fetuses, internal and external parasites, stomach and/ or intestines and their contents, feces, air exhalate,  flippers, fins, flukes, head and skull, and whole carcasses.  During necropsy of dead animals, any specimens of interest may be collected.  Specimens may be acquired opportunistically with ongoing studies or prospective design plans; therefore specific numbers and kinds of specimens cannot be predetermined.   Because most specimens will be acquired opportunistically, the MMHSRP will have minimal control over the age, size, sex, or reproductive condition of any animals that are sampled.  During research activities, samples will not be collected from young-of-the-year small cetaceans.  During research activities, samples may be collected from pinnipeds of all ages, including pups, and lactating and pregnant females, as called for in the research protocols.  Specific methods for biopsies, blood, breath, and other sampling are described below under the corresponding sections.
Marine mammal specimens collected for analysis or archiving will be legally obtained from the following sources:
1. ESA-listed marine mammals stranded (alive or dead) or in rehabilitation in the U.S. [for live animals, sample collection will be at the discretion of the attending veterinarian and the PI and combined with necessary medical sampling whenever possible];
2. Any marine mammal stranded (alive or dead) or in rehabilitation abroad;
3. Soft parts sloughed, excreted, or discharged by live animals (including blowhole exudate) as well as excrement (feces and urine);
4. Permitted marine mammal research programs conducted in the US and abroad, including research programs authorized under this permit;
5. Any captive marine mammal (public display, research, military, or rehabilitation) sampled during husbandry, including samples beyond the scope of normal husbandry or normal rehabilitation practices;
6. Marine mammals taken in legal fisheries targeting marine mammals abroad;
7. Marine mammals killed during legal subsistence harvests by native communities in the U.S. and abroad;
8. Marine mammals killed incidental to recreational and commercial fishing operations or other human activities in the U.S. or abroad; or
9. Marine mammals or their parts confiscated by law enforcement officials.
Specimen and data collection from marine mammal carcasses may follow the necropsy protocols for pinnipeds (Dierauf 1994), right whales (and other large cetaceans) (McLellan et al. 2004), killer whales (Raverty and Gaydos 2004), small cetaceans (HSWRI 2005), and all marine mammals (Pugliares et al. 2007). These protocols provide details on how samples should be stored, transported, and analyzed.  Several example protocols are provided in Appendix E.  During live animal response or research, specimen and data collection protocols will depend on the samples being collected and the intended analyses.  Sample analyses occur at various diagnostic and research laboratories in the U.S. and abroad. 
Biopsy Sampling. Biopsy sampling will be conducted to collect samples of skin, blubber, muscle, or other tissue (see below for details).  Sampling may occur on free ranging animals (live and dead, including healthy, compromised, and entangled animals), animals in rehabilitation, animals in managed care, and captured animals during research activities.  For emergency response enhancement activities, biopsy samples may be collected from any species, age, and sex animals.  For research animals, limits may be placed on which animals may be sampled (see below).  
Skin and blubber samples can be analyzed to investigate genetic relationships (species ID, stock structure, relatedness), foraging ecology (stable isotopes, fatty acid signatures), contaminants (including PAH, heavy metals, POPs, etc.), disease exposure or state, reproductive status, stress, wound healing processes (Noren and Mocklin 2012), and transcriptomics (Ellis et al. 2009).   Skin has also recently been investigated as a way of constructing a health index for marine mammals by investigating skin-associated bacterial communities (Apprill et al. 2014.  Skin and blubber biopsy sampling from a vessel may be conducted using, but not limited to, crossbows, compound crossbows, dart guns, or pole spears. The dimensions and type of the biopsy tip will vary depending on the species being sampled, the need, and the depth of their blubber layer.  For small cetaceans, such as bottlenose dolphins, the biopsy tip used to collect blubber for contaminant analysis penetrates to a depth of approximately 1.0-2.5 cm.  Shorter tips may be used when only epidermal sampling is required.  Samples will be collected from free-swimming marine mammals within approximately 3 to 30 m of the bow of the vessel.
Remote biopsy darts may be used to collect skin and blubber biopsy samples from free-swimming cetaceans (Kellar et al. 2014).  This standard technique involves using a blank charge in a modified .22 caliber rifle to propel a dart with small cutting head into the side of a dolphin, below the dorsal fin from a distance of 3-6 m away from the animal.  A stopper prevents the dart from penetrating to a depth greater than the thickness of the blubber and aids in the removal of the sample from the animal.  The floating dart is retrieved, and the approximately 1 cm diameter by 1.5 – 2 cm long sample is processed for archiving and analysis.  As new technologies are developed, the standard techniques may change.  All new technologies would be tested first on carcasses to ensure appropriate function of the dart prior to being used on live animals.
Pole spears would be used to collect skin and blubber biopsy samples from small, bow-riding cetaceans.  The biopsy tip is attached to the pole spear (approximately 5.5 m in length), which is tethered to a vessel.  The pole spear is lowered to within 0.5 m of the target prior to sampling, which allows a specific area of the animal to be targeted with a high degree of accuracy. 
Blubber biopsies may be taken during health assessment studies. Protocols developed as part of other cetacean health assessment projects will be followed (e.g., Hansen and Wells 1996, Hansen et al. 2004, Schwacke et al. 2002, Wells et al. 2004, 2005). An elliptical wedge biopsy is obtained from each cetacean.  The sampling site is located on the left side of the dolphin, below and just behind the posterior insertion of the dorsal fin.  Local anesthetic (typically Lidocaine) is injected in an L-block at the biopsy site.  A veterinarian then uses a clean scalpel to obtain a sample that is up to approximately 5 cm long and 3 cm wide, through nearly the full depth of blubber (approximately 1.5-2.0 cm).  A cotton plug soaked with ferric subsulfate is inserted into the site once the sample is removed in order to stop bleeding.  The sample is then partitioned into separate containers to allow different analyses.  Skin obtained with the blubber biopsy is used for genetic analyses.  Additionally, during health assessments skin scrapings, biopsy samples including muscle samples, or needle aspirates may be collected for clinical diagnoses from sites of suspected lesions. These samples are processed by various diagnostic laboratories and a subsample is sent to the National Marine Mammal Tissue Bank when appropriate. 
Biopsy sampling may also occur on cetaceans and pinnipeds in rehabilitation or in hand during health assessment studies for diagnostic purposes.  Skin and blubber may be collected as described above for capture animals. Biopsy sampling for diagnostic purposes may also include surgical procedures.  Samples may be taken from muscle, lymph nodes, masses, abscesses, other lesions, gingiva, liver, kidneys, and other organs, including the oral cavity and genital region.  The number of biopsies per animal will vary depending on number of lesions. The lesion biopsy site will be wiped with an appropriate antiseptic (e.g., chlorhexiderm) scrub followed by an alcohol swab, rinsed with alcohol, and injected with and appropriate anesthetic (e.g., 2% lidocaine with epinephrine).  For gingival biopsies, an appropriate anesthetic (e.g., 2% lidocaine with epinephrine or carbocaine) will be used to anesthetize the biopsy site.  Using pre-cleaned instruments and a sterile scalpel blade or sterile punch biopsy the lesion or gingival tissue will be collected in its entirety if less than 10 mm or subsampled if larger. The biopsy will be subsampled into different storage media for viral culture, PCR, and histological evaluation as appropriate.  Surgical procedures will be performed by experienced marine mammal veterinarians.  
Skin, blubber and/or muscle biopsies may be collected from pinnipeds. The procedure has been performed on a number of different pinniped species without adverse effects or complications (Kanatous et al. 1999; Ponganis et al. 1993).  Prior to sampling, a local anesthetic will be injected subcutaneously and intramuscularly at the sampling site to minimize pain.  The sampling site will be cleaned with an antiseptic scrub and a small incision may be made with a scalpel blade or biopsy punch.  All biopsies will be taken using appropriately sized sterile biopsy punches.  The punch will be pushed through the blubber and into the muscle layer and the biopsy is then withdrawn and pressure is applied to the wound. The biopsy site will be irrigated with an antiseptic (e.g., Betadine). Sutures are not needed for the wound. 
Lung biopsies may be taken from cetaceans or pinnipeds that are found to have moderate to severe lung disease on ultrasound examination during health assessments or rehabilitation, when deemed appropriate by the PI (or CI) and the lead veterinarian .  Lung biopsies will be taken via lung fine needle aspirate or core biopsy and will be used to determine the etiology of the lung disease (bacterial, viral, fungal, neoplastic, etc.), as described in Lutmerding et al. (2010) and Smith et al. (2012) and previously performed by Van Bonn and Jensen (2001).  For both methods, the skin will be cleaned with an antiseptic scrub and alcohol, followed by a local anesthetic block to take effect from the skin to the intercostal muscle layer.  The anesthetic will be given approximately 5 minutes to take effect, the area prepared again with antiseptic scrub and alcohol, and then a stab incision made with a scalpel blade.  For the fine needle aspirate method, an 18g or 20g spinal needle attached to either a syringe or a standard bore 3-way stopcock with an extension set and a syringe will be used to aspirate the mass, under ultrasound guidance.  For masses that are difficult to aspirate, a small volume of sterile saline may be infused to facilitate removal of material.  Lung core biopsies may be collected if fine needle aspiration is not productive, or if the lesions meet the following criteria (as assessed via ultrasound): superficial, easy to access, limited blood supply, not filled with fluid, and greater than 1 cm in diameter.  For the core biopsy method, a 10 cm, 18g BioPince full core biopsy instrument or similar is used.  In some cases, a 6.8 cm, 17g coaxial introducer needle (or similar) may first be placed using ultrasound guidance through the skin, blubber, and intercostal muscle layers to facility entry of the biopsy device to the lung, but in other cases the biopsy instrument  will be used alone.  The biopsy instrument passes through the skin, blubber, and muscle layers, and is then advanced through the pleural lining and into the mass, carefully timing advancement of the instrument with respiration.  Multiple biopsies may be taken using slightly different angles for each biopsy.  Samples will be processed as deemed appropriate by the veterinarian.  The mass will be reevaluated with ultrasound immediately following the procedure, and the veterinarian may administer a post-procedure single dose of antibiotic if deemed appropriate for prophylaxis.
Blood Sampling. Blood samples in cetaceans may be collected from the dorsal fin, caudal peduncle, pectoral flipper, or, typically, the flukes.  Sampling at any of these sites will be done using an 18-20 gauge 4-cm needle, with a scaled down needle bore for calves, Dall’s porpoises, and harbor porpoises.  Blood sampling of cetaceans during health assessments may occur in the water prior to coming aboard the vessel, or once aboard the vessel.  Typically, the blood sample is drawn from a blood vessel on the ventral side of the fluke, using an 18-20 gauge ¾" butterfly catheter.  
Blood samples in phocids may be collected through the bilaterally divided extradural vein, which overlies the spinal cord.  Otariids may be sampled using the caudal gluteal vein.  Additionally, both phocids and otariids can be sampled using the plantar interdigital vein on the hind flippers, or the subclavian or jugular veins if sedated (Geraci and Lounsbury 2005).  Sampling will generally be done with an 18-20-gauge, 4-cm needle or butterfly needle, although larger spinal needles maybe needed for larger animal or those with thick blubber layers.  For pinnipeds undergoing anesthesia indwelling catheters may be placed in the jugular or another accessible vein per veterinary discretion.  
The volume of blood taken from individual animals at one time would not exceed more than 0.5-1.0 percent of its body weight, depending on taxa (Dein et al. 2005). Qualified researchers should not need to exceed three attempts (needle insertions) per person per sampling location when collecting blood.  If an awake animal cannot be adequately immobilized for blood sampling, efforts to collect blood would be discontinued to avoid the possibility of serious injury or mortality from stress.  Sterile, disposable needles will be used to minimize the risk of infection and cross-contamination.  
From animals that are being euthanized, blood may be collected from the heart after heavy sedation and prior to administration of euthanasia solution into the heart.  From dead animals, blood may be collected wherever and however is feasible during the necropsy.  Blood may also be collected by an entanglement or stranding response team during the response enhancement activities.
Blood samples will be used for: standard chemistry, hematology, and hormonal analysis; contaminant analyses; biotoxins; immune function studies; serology; PCR; aliquots for culturing for assessment of pathogens; genetics; a variety of “omics”; and other preparations as necessary (e.g, Venn-Watson et al. 2007, Bryan et al. 2007, Maucher et al. 2007, Romano et al. 1992, Mancia et al. 2014) .  
Breath Sampling. Breath sampling may be conducted on both ESA-listed and non-listed cetaceans and pinnipeds to assess their nutritional status and health.  Exhaled breath is collected as an ambient gas or liquid (exhaled breath condensate), and exhaled particulates (in cetaceans, “blow”) may also be collected.  Broadly speaking, the field of marine mammal breath and blow analysis is in the early stages, although some proof-of-concept studies have been conducted (and are summarized below) to show that it is a possible technique for health assessment in marine mammals.  However, there have been many recent advancements in human breath research that have accelerated interest in developing this methodology for marine mammals (Hunt et al. 2013), and we anticipate that it will continue to grow during the project period of this permit.  Some recent studies have looked at the stress hormone cortisol (Thompson et al. 2014) and metabolite content profiling (Aksenov et al. 2014) in cetacean breath.  New tools and technologies may be developed and field tested by the MMHSRP and our Co-investigators.
Different methodologies have been used to collect breath samples from animals in the wild.  For non-restrained animals (e.g., free-swimming whales, hauled out pinnipeds), breath may be collected with a variety of sampling devices positioned as close as possible to the blowholes or nares; positioning may be done with long poles or with remote-controlled vehicles (UAVs) such as helicopters or hexacopters.  Previous sampling devices have included nylon fabric in a plastic framework, inverted funnels connected to a vacuum cylinder, and Petri dishes (a review of previous marine mammal breath-sampling collection is available in Hunt et al. 2013).  A plastic gasket may also be used around the blowhole in order to minimize water contamination (Thompson et al. 2014).
To collect a gas sample, a funnel may be used attached to a vacuum cylinder via plastic tubing; the cylinder valve is manually opened during exhalation to collect the gas sample.   Cooling this gas sample can provide the exhaled breath condensate for analysis (Cumeras 2014).   An algal culture plate or mesh web may be used in combination (inside a funnel) or independently of the funnel to collect particulates. Exudate collected off of the algal plate or web can be used for cultures of potential pathogens in the breath as well as for other potential tests such as those currently being used in human medicine (Schivo et al. 2013).  The equipment typically will not touch the animal, although in some instances there may be brief (less than 10 seconds) contact.  For research projects, an individual animal may be approached up to three times to obtain a sample; if an animal exhibits rapid evasion during approaches, the animal will not be pursued.  
A second methodology is used during health assessment captures.  While the cetacean is being held on the deck or in the water, a mask will be held above the blowhole to allow the collection of exhaled air and gas along a glass tube surrounded by dry ice inside a hard plastic sleeve. The animal is allowed to breathe normally for ~5 minutes, or 6 to 10 breaths; the one-way valve opens during inhalation and closes during exhalation thus routing expired breath inside collection tube.  The breath condensate will be collected and evaluated to determine the types and levels of biomarker compounds associated with petroleum product exposures in breath of marine mammals. The apparatus is cleaned between animals using ethanol.  This device was used successfully in Sarasota Bay in May 2011 (Aksenov et al. 2014).
UASs have recently been shown to be an effective tool to collect breath/exudate samples (e.g., Acevedo-Whitehouse et al. 2010), and we expect that this technology will continue to improve and may become more commonly available and used during the duration of this permit.
Breath samples and exhalate may also be collected during health assessments, emergency response activities, during rehabiliatation, and during captive research or on any live captured animal including both cetaceans and pinnipeds.  Samples will be taken from targeted populations at specific times to compare with visual assessments and/or biopsies.  The samples will then be examined using gas chromatography-mass spectrometry for volatile compounds to evaluate respiratory disease, nutritional status, and physical condition.  A recent study also showed that cortisol can be detected and monitored through breath samples from both captive and wild beluga (Thompson et al. 2014). 
Tidal volume and end expiratory CO2 and O2 may also be measured to assess lung function and calculate metabolic rate in concert with respiratory rate, as part of a health assessment.  To measure these parameters, a pneumotachometer flow cell is placed non-obstructively over the blowhole for a series of 5 breaths.  The pneumotachometer records data which are subsequently analyzed.
For animals in a captive setting (including in rehabilitation), or in certain field settings (e.g., a pinniped foraging under ice with access to only an isolated air hole) a metabolic chamber, hood, or dome may be placed over the water’s surface such that all respirations occur within the hood (e.g., Williams et al. 2001).  Flow rate, oxygen consumption, other respiratory gases, and other samples of interest are measured on the exhaust air coming out of the metabolic chambers.
Tooth Extraction.  The age determination of animals is conducted using the deposition of growth layer groups in teeth.  A tooth will be extracted from an animal in hand by a veterinarian or biologist trained in this procedure.  
Tooth extraction typically occurs during cetacean and pinniped health assessment studies.  Tooth extraction in cetaceans requires capture and manual restraint, and in pinnipeds requires capture, restraint, and sedation.  For cetaceans the tooth removed is usually #15 in the lower left jaw but any tooth can be extracted and in pinnipeds the post-canine or incisor teeth are generally extracted.    
For cetaceans, protocols developed as part of other cetacean health assessment projects will being used (Hansen and Wells 1996, Hansen et al. 2004, Schwacke et al. 2002, Wells et al. 2004, 2005, Norman et al. 2012). In both cetaceans and pinnipeds the tissue surrounding the tooth is infiltrated with Lidocaine or Carbocaine (3%) without epinephrine (or equivalent local anesthetic), applied through a standard, high-pressure, 30 gauge needle dental injection system or regular syringe through a small gauge needle (25 gauge).  Once the area is anesthetized, the tooth is elevated and extracted using dental extraction tools.  For cetaceans, a cotton plug soaked in gel foam is inserted into the alveolus (pit where the tooth was) to stop bleeding.  All dental tools will be sterilized before each use. If necessary, after extraction, pressure will be applied to the cavity until bleeding has stopped, and antibiotics will be used at the discretion of the veterinarian to prevent infection.  For pinnipeds due to the need to sedate the animal, an attending veterinarian, or other qualified personnel, will monitor the respiration and temperature of the animal.  This procedure is modified from that described by Ridgway et al. (1975) for cetaceans and is similar to that described by Arnbom et al. (1992) for pinnipeds. The revised procedure has been used for cetaceans in captivity and in live capture and release sampling for many years. Extracted teeth are sent to a laboratory for age determination. 
Orifice Sampling (Blowhole/Nasal/Oral/Uro-Genital/Vaginal/Prepucial/Lesions).  Samples may be collected from any orifice (blowhole, nasal, oral, uro-genital, vaginal, prepucial) or wounds/lesions as described below. A sterile unbreakable swab is inserted into the blowhole/nares of a restrained individual during a breath, gently swabbed along the wall, and removed during the next breath.   A sterile unbreakable swab is inserted into the oral cavity of a restrained individual, gently swabbed along the gumline and removed.  A sterile unbreakable swab is inserted into the uro-genital slit/vaginal/prepucial opening of a restrained individual, gently swabbed and removed.  The number of swabs that would be taken will vary greatly depending upon a number of factors, including the type of pathogen(s) being investigated (in a disease outbreak of unknown etiology, separate swabs could be taken for virus, bacteria, and fungi, with multiple swabs taken for each depending upon the testing to be performed or the need to archive and the parameters around archival techniques), the preferred transport medium for those pathogens (could be multiple kinds), the logistics of sampling (e.g., whether cold storage is available), and the animal (which would be different for different species, and also whether the animal was under sedation or anesthesia vs. manually restrained).  As a general guideline, 8 or fewer swabs would be taken per site, but this number could be exceeded given the factors listed above.  Samples are sent to a laboratory for culturing, PCR for species identification, or further analyses as necessary.
Ocular Sampling and Examination.  Samples may be collected from the eye of a cetacean or pinniped.  A sterile swab is inserted at the medial or lateral canthus of the eye, gently swabbed along the conjunctiva or cornea and removed.  A complete ocular examination may be performed via visual examination and through use of an ophthalmoscope and tonometer (an example standard methodology for ophthalmic evaluation is presented in Wright et al. 2015).  Additionally, if a corneal ulcer is suspected, fluorescein stain may be administered into the eye via a strip or drops and the cornea examined visually or with an ophthalmoscope to determine if a corneal ulcer is present.  Sample collected are sent to a laboratory for culturing, PCR identification, or further analyses as necessary.  Additional types of tests may be performed at the discretion of a veterinary ophthalmologist (e.g., infrared photography, ultrasound, or pachymetry).  Pachymetry is the process of measuring the thickness of the cornea using a device called a pachymeter, which may be either ultrasonic (using ultrasonic transducers) or optical (using specialized cameras).  General sedation or anesthesia, with or without local anesthesia, may be needed to facilitate safe animal handling and reduce discomfort associated with certain evaluation procedures.
Urine Sampling. Urine samples may be collected using urinary catheterization and aseptic cystocentesis (in pinnipeds under general anesthesia). A veterinarian experienced with cetaceans or pinnipeds and/or a qualified veterinary technician will perform the catheterization or aseptic cystocentesis procedure.  
For small cetaceans, the animal will be lying on its side on the foam-covered deck of the boat serving as the veterinary laboratory during health assessment studies.  Wearing sterile surgical gloves, the assistant gently retracts the folds of the genital slit to allow visualization of the urethral orifice.  The veterinarian/veterinary technician (wearing sterile gloves) carefully inserts a sterile urinary catheter, lubricated with sterile lubricating gel, into the bladder via the urethra.  A 50 ml collection tube without additive is used to aseptically collect the urine as it flows from the catheter.  The catheter is removed after the urine is collected. 
Pinnipeds would be restrained and sedated or anesthetized before the catheter is inserted as described above.  The respiration, heart rate, and temperature of the animal would be monitored during the procedure.  The animal would be monitored after the procedure until it is released.  Urine may also be collected opportunistically, by holding an open sterile container in the urine stream. 
Cystocentesis is an effective and safe means of collecting an uncontaminated urine sample (Fry and Holloway 2004; Jodal 2002; van Duijkeren et al. 2004).  By definition, a cystocentesis is a procedure during which the bladder is punctured for the purpose of obtaining an uncontaminated urine sample (Ettinger and Feldman, 2004).  For example, in California sea lions, this procedure is performed through the abdominal wall in a suprapubic position using a sterile 20 gauge 1.5 inch needle attached to a 10 cc syringe.  The animal is placed in dorsal recumbency while under general anesthesia. The pubis is then palpated, and the needle inserted through cleansed skin while maintaining negative pressure on the syringe. The syringe is then used to aspirate 3-5 cc of urine, and withdrawn from the animal while negative pressure is maintained at all times.  This procedure is used routinely in small animal practice (generally 22-25 gauge needles are used in these smaller animals) in awake and alert domestic dogs and cats for the sterile collection of urine (Fry and Holloway 2004; van Duijkeren et al. 2004) as well as in human infants (Jodal 2002).
Urine analyses are diagnostically useful to evaluate the urinary system (kidneys, ureters, bladder, and urethra).  Important diagnoses can be made by determining the color, pH, turbidity, chemical constituents, presence or absence of blood, and by identifying any bacteria or yeast present in the urine. These diagnoses would likely be missed without such an examination.  Urine is also useful for the detection of pathogens that are spread through urine (for example, Leptospira spp.)       
Fecal Sampling. In both cetaceans and pinnipeds, fecal samples will be obtained either from a small catheter, or fecal loop, inserted about 10 cm into the colon, from a sterile swab of the rectum, or enema.  Additionally, cetacean feces may also be collected in the water column either from a vessel or a diver in the water.  Pinniped feces may be collected from land from haul-out or rookery sites.  Samples will be sent to a laboratory for culturing, pathogen species identification, parasitology, or further analyses as necessary.
Milk Sampling. In both cetaceans and pinnipeds, adult females in hand may be checked for lactation and milk samples will be collected from lactating females when feasible. A breast-pump apparatus or finger milking will be used to obtain the milk sample. Milk is expressed with gentle manual pressure exerted on the mammary gland while suction is provided by a 60 cc syringe attached by tubing to another 12 cc syringe placed over the nipple.  Samples of up to 30-50 ml may be collected. Among other testing, milk samples can be measured for the levels of lipophilic organic contaminants and to determine composition (% fat, etc.).  
Oxytocin may be used to enhance collection of milk samples in pinnipeds and cetaceans.  Oxytocin would generally be administered via intermuscular injection of 10 to 60 IU of commercially available, synthetic hormone, with dosage dependent upon animal size, species and situation (e.g., field vs. rehabilitation).
Sperm Sampling. In both cetaceans and pinnipeds, for adult males in hand, ejaculate samples may be collected through manual manipulation of the penis when feasible. Additionally, semen may be obtained in males during urinary catheterization. Samples are examined for sperm count, motility, and condition, providing a direct measurement of male reproductive function.  These data will inform the study of the potential reduction of reproductive capabilities from environmental contaminants.
Gastric Sampling. In both cetaceans and pinnipeds, gastric samples may be obtained using a standard small or large animal stomach tube to evaluate health and evidence of toxin exposure.  The stomach tube is inserted through the mouth and down the esophagus into the stomach, taking care to avoid the trachea.  Slight suction enables the collection of gastric fluid; with slight flushing with water, gastric particles and some foreign bodies can be flushed from the stomach and collected (Sweeney and Ridgeway 1975).  In a rehabilitation and in the field setting, the animal can be tube fed or delivered drugs such as double-labeled water or stomach temperature probes using this same procedure.
Gas Sampling.  In both cetaceans and pinnipeds, gases may be collected from carcasses during necropsies for diagnostic analysis such as assessment of decompression or decomposition (e.g., Bernaldo de Quiros et al. 2013), or further analyses as necessary.  Gas is sampled by inserting the needle of a syringe into the bubble, using the suction of the syringe to collect the gas present in the bubble, and depositing the gas into a glass vacutainer (if not collected directly into the vacutainer).  A protocol is provided in Appendix E. 
Sloughed skin. Skin that sloughs off a cetacean or pinniped (e.g., during molt) may be collected.  Pieces of skin may be collected floating on the surface of the water, from land (haul-out/rookery), off of equipment used to capture or disentangle animals, off of entangling gear, or by hand as the animal is being handled.  Skin could be used in the same analyses as identified previously for skin biopsy samples (genetics, pathogen/disease, contaminants, etc.).
Hair, Nails, and Vibrissae Sampling.  In pinnipeds, a vibrissa may be pulled from anesthetized pinnipeds (animals older than 2 months) or clipped from animals not sedated. Vibrissae are pulled by gripping with forceps or fingers and pulling forcefully and rapidly in one smooth motion.  Nails will be also be clipped close to the base of the nail bed without causing bleeding. Hair samples will be collected with scissors at the base of the hair without removing the follicle or by shaving with electric clippers. Hair, nails, and vibrissae provide a minimally invasive sample that may be analyzed for toxicology (McHuron et al. 2014, Wenzel et al. 1993), a time series for stable isotopes (Greaves et al. 2006, McHuron et al. 2014), and may be used for other tests (some to be developed).
Colonic Temperature. In both cetaceans and pinnipeds, colonic temperature is collected to understand vascular cooling and reproductive status (Rommel et al. 1994). Temperature measurements are obtained with a linear array of thermal probes interfaced to a laptop computer.  The probes are typically housed in a 3 mm OD flexible plastic tube.  The probe is sterilized, lubricated, and then inserted into the colon through the anus to a depth of 0.25-0.40 m, depending on the size of the animal.   Temperature is continuously monitored. 
Administration of Medications. In both cetaceans and pinnipeds, drugs may be administered for sedation/chemical restraint and/or veterinary treatment during stranding response, disentanglement, rehabilitation, and release activities of ESA-listed species, and during research on non-listed and listed marine mammals.  Anesthetics, analgesics, and antibiotics may be used during research before or after performing biopsies, tooth extractions, and other procedures. Antibiotics, antifungals, anesthetics, analgesics, dewormers, vaccinations, and other medicines may be administered during response and rehabilitation of ESA-listed species as well as during research procedures. Medications may be given to induce abortion, when determined to be the appropriate veterinary medical treatment for a pregnant female in rehabilitation.  Chapter 31 of the CRC Handbook of Marine Mammal Medicine will be used as a reference for potential drugs and doses for marine mammal species (Stoskopf et al. 2001).  Medications would be administered at the discretion of the attending veterinarian or the PI.  
Marine mammals in captivity may be used for drug therapy or diagnostic test validation.  The name and location of the facility and the specific animals (identified by their NOAA ID number, where applicable) will be provided to NMFS PR1 prior to the start of any research activity.  The research activity will only proceed after review and approval by the facility’s IACUC.  Vaccinations and other medications such as dewormers may be administered prospectively to wild, captive, or rehabilitating marine mammals (see Appendix H).  When testing new techniques, medications, or vaccinations, the preference would be to conduct the study in a controlled setting, such as a captive facility where the animals are well known and can be closely monitored, and are of the same species as the target wild population.  If this is not possible, the next preference would be to use a closely-related surrogate species.  If a suitable captive population cannot be found, a cohort in a rehabilitation center would be the next choice, particularly animals of the same species or a closely-related surrogate.  Drugs may be administered orally or through injection, intubation, or inhalation.  Orally administered medications are typically hidden in fish but may also be given via stomach tube.  
Subcutaneous (SQ), intramuscular (IM), intravenous (IV), and intraperitoneal (IP) injections may be used to deliver drugs.  All of these methods would require some level of animal restraint.  SQ injections are made in the interface between the blubber layer and the skeletal muscle layer.  The most common site for SQ injections in pinnipeds is the craniodorsal thorax between the scapulae but other sites may be used.   SQ injections would not be used in cetaceans. 
IM drug injections require longer needles because of the thickness of skin and blubber.  Caution is taken to avoid accidental injection into the blubber, which may cause sterile abscess formation or poor absorption (Gulland et al. 2001).  Injection sites for phocids are the muscles surrounding the pelvis, femur, and tibia.  These sites, as well as the large muscles overlying the scapulae, are appropriate for otariids (Gulland et al. 2001).  IM injections in cetaceans may be made off the midline, slightly anterior to, parallel to, or just posterior to the dorsal fin.  Caution is taken to avoid the thoracic cavity if the injection is anterior to the dorsal fin (McBain 2001).   Multiple injection sites may be used and the volume per site should be reasonable depending on the animal.  
In general in marine mammals, IV injections are complicated and generally used under sedation/anesthesia or during emergency procedures.  IV injections sites for pinnipeds include the jugular or subclavian vein if sedated and if awake for phocids the extradural vein and for otariids the caudal gluteal vein.  In cetaceans, medications may be injected in the fluke vessel, dorsal fin vessel, or peduncle if the volume is low and the medicine is not harmful if delivered perivascularly.  An indwelling catheter may be used if repeated administration or slow infusion occurs (McBain 2001). 
IP injections deliver medications into the abdominal cavity.  Non-irritating drugs may be delivered by this method including sterile isotonic fluids and dextrose.  During injection, caution must be taken to avoid damaging major organs.  A contaminated needle or puncturing the gastrointestinal tract could introduce bacteria into the abdominal cavity.  Additionally, some euthanasia solutions can be administered IP (Gulland et al. 2001).  
Vaccines currently used for prevention of infectious diseases (viral, bacterial, fungal or parasitic) in domestic animals can be divided into three types: those based on dead inactivated pathogens; those using live attenuated pathogens; and vaccines consisting of recombinant pathogen. Recombinant pathogen vaccines can use a vector virus that does not typically infect the target host but expresses antigen from the pathogen of interest, stimulating an immune response against it (Griffin and Oldstone 2009). Vaccines using a dead pathogen are considered the safest as the pathogen cannot replicate in the host or cause disease; however, this lack of replication often means that the immune response generated following vaccination is short lived and may not be protective. Live vaccines typically generate the most effective immune response, but present the risk (when used in species other than the one for which the vaccine was developed) of the pathogen replicating in the host and either causing disease in the vaccinated animal, or being shed in secretions and becoming infective to other contacted animals. Numerous carnivores, especially mustelids (weasel family) and procyonids (e.g., raccoons), have died in zoological collections following vaccination with live canine distemper virus (CDV) vaccine (Deem et al. 2000). To overcome this risk of live vaccine use, recombinant vaccines to CDV are now used extensively in zoological collections (Bronson et al. 2007). 

Vaccines currently already safely used in pinnipeds in captivity include a recombinant canary pox (Purevax, Merial) vaccine against CDV and an inactivated West Nile Virus (WNV) (Innovator, Fort Dodge). The recombinant CDV vaccine has been safely used on a wide range of non-domestic carnivores including pinnipeds. It has not been associated with live virus shedding and is likely to stimulate higher immunity than a dead vaccine. The recombinant CDV vaccine is also commercially available in the U.S. and is recommended by the American Association of Zoo Veterinarians for use in non-domestic carnivores. The Fort Dodge WNV vaccine has been used to date on Hawaiian monk seals in captivity in San Antonio, Texas, with no adverse reactions observed (Braun and Yochem 2006) and in other marine mammal species including cetaceans.  A recent international meeting of experts met in a “Vaccines for Conservation” meeting to discuss protecting endangered carnivores against CDV.  They laid out a series of recommendations, all of which support the aims of the MMHSRP with regards to increasing capabilities to conduct vaccination campaigns (Wildlife Conservation Society 2015).  Appendix H includes details of the vaccination program for cetaceans and pinnipeds (excluding Hawaiian monk seals).  No vaccination is requested for Hawaiian monk seals, and the use of live vaccines in endangered species is not requested.
[bookmark: _GoBack]Additionally, administration of medications will include directed research to collect data on body condition and metabolism (e.g. deuterium oxide), blood volume (e.g. Evan’s blue), hormone function including adrenal and thyroid function (e.g. ACTH, TSH), and stable isotopes.  These medications will be administered via IM, IV or oral routes.  For all procedures serial blood samples will be taken prior to and after administration of medication (up to 3 hours post-administration) as needed based upon the equilibration of the medication in each taxa.  Serial blood sampling will be conducted within the overall holding time of the animal to accomplish other research objectives, and the holding time will not exceed the maximum time previously listed in this permit application for pinnipeds and small cetaceans. (in take table but inadvertently omitted from application and added 6/22/2015)
Euthanasia. Euthanasia is defined by the American Veterinary Medical Association as “the use of humane techniques to induce the most rapid and painless and distress-free death possible” (AVMA 2013).  Euthanasia of an ESA-listed animal may be conducted if the release or rehabilitation of a stranded animal is not possible or not judged to be in the best interests of the animal.   Euthanasia may occur in the field during response or research or at a rehabilitation facility when an animal has an irreversibly poor condition, when it is judged to be the most humane course of action, or if the animal is deemed non-releasable and cannot be placed in permanent captivity.  Specific advice on considerations when determining if euthanasia is the appropriate course of action is presented in IWC (2013) and will be followed.  Humane euthanasia procedures will only be carried out by an attending, experienced, and licensed veterinarian or other qualified individual.  A review of potential euthanasia techniques for cetaceans can be found in IWC (2013) and Barco et al. (2012).  The methods following were judged to be euthanasia as defined by the AVMA when performed by trained, properly equipped personnel with appropriate mitigation (IWC 2013 and Barco et al. 2012).
Euthanasia may be performed through the use of chemical agents.  Sedation may precede the administration of euthanasia drugs.  Smaller cetaceans can be euthanized by injecting barbiturates or other lethal agent into a vein of the flippers, dorsal fin, flukes, or caudal peduncle.  It may also be injected directly into the heart or abdominal cavity using an in-dwelling catheter.  A small cetacean may be sedated before injection occurred.  For large cetaceans, a method has been developed and successfully used in four cases to sedate the animal via intramuscular injection and then deliver euthanasia agents via intravenous, pericardiac, or intracardiac routes (Harms et al. 2013).  Large cetaceans may be euthanized by lethal injection directly into the heart.  Injection into a vein of the flippers or flukes would likely be unsuccessful.  Pinnipeds are typically euthanized using a lethal injection of barbiturates or other agent normally used to euthanize domestic species, larger pinnipeds are usually sedated prior to administration of euthanasia drugs.  In pinnipeds, euthanasia solution may be administered into the extradural sinus, caudal gluteal, subclavian or jugular vein, or by intracardiac or intraperitoneal injections.  Carcasses euthanized chemically should be disposed of in an environmentally responsible manner.  In the PEIS issued on the MMHSRP, the Preferred Alternative is that NMFS recommended the removal of chemically euthanized carcasses off-site (out of the natural environment) for disposal by incineration, landfill, or other methods.  While the MMHSRP recognizes that this is the ideal that should be accomplished whenever possible, there may be logistical or environmental factors that make a complete removal of euthanized animals impossible. 
Stranded marine mammals may also be euthanized by physical means, including ballistics (shooting), explosives (currently used in Australia – see Coughran et al. 2012), by exsanguination (Geraci and Lounsbury 2005), or other specialized euthanasia equipment such as Sperm Whale Euthanasia Devices (SWEDs), captive bolt, spinal lance, explosive penthrite grenades, etc. (IWC 2013).  For pinnipeds and cetaceans with a total length <6m (excluding sperm whales), ballistics is an acceptable form of euthanasia, provided the safety of responders and onlookers is maintained, the marksman is skilled and the targeted area (as described in Greer et al. 2001) is clear.  Exsanguination is not a preferred method of euthanasia, but may be the only method available in some circumstances.  Given the alternative of a prolonged agonal natural death, exsanguination may be deemed acceptable on a case-by-case basis.  Whenever possible, exsanguination will only be conducted on a heavily sedated animal, as the time to death may be prolonged and therefore not humane (IWC 2013).  Exsanguination occurs through a deep cut or puncture to a major vein, artery, or the heart.
Auditory Brainstem Response/Auditory Evoked Potential. Auditory Brainstem Response (ABR) and Auditory Evoked Potential (AEP) procedures may be conducted as a method to evaluate the hearing abilities of individual animals or species (Nachtigall et al. 2007, Mulsow et al. 2012).  Procedures may be conducted on stranded animals, animals in rehabilitation, or on animals captured during research studies. The ABR technique involves repeatedly playing a test sound stimulus while simultaneously recording the neural evoked potential from non-invasive surface electrodes contained within suction cups.  
Procedures on odontocetes are non-invasive and can be conducted in short time frames.  An animal may be resting at the surface or on the beach or may be physically restrained (held by researchers) during the procedure.  ABR signals are collected through suction cup electrodes.  Standard EEG gel is used on the electrodes to establish an electrical connection between the electrode and the skin. Sounds may be presented through a jawphone attached to the lower jaw via suction cup. Sounds may also be presented in the water and the animals hear naturally through their lower jaws and other sound paths to the ear.  A reference electrode is attached near the dorsal fin and a recording electrode is attached about 5 cm behind the blowhole.  The electrodes are on the surface of the skin and are connected to an amplifier via wires.  The suction cups can easily be removed if there is any difficulty with the procedure. Evoked potentials are recorded from the electrodes.  Frequencies used for testing range from 1 to 160 kHz (the range of frequencies that many odontocetes hear) and the maximum sound pressure level is less than 160 decibels re Pa.  AEP procedures may also be conducted on mysticetes using a 3-sensor configuration.  Suction cup electrodes will be attempted first; if unsuccessful, subcutaneous pin electrodes will be placed into the blubber layer (if use of surface electrodes is unsuccessful).  Prior to placing the pin electrodes, the surface of the skin will be treated with standard prophylactic procedures (betadine and alcohol scrubs).  Mysticete AEP will be performed in cooperation with Dr. Dorian Houser, National Marine Mammal Foundation, who is separately permitted for this activity (File No. 16599).  
Pinniped audiometric testing may be conducted while individuals undergo scheduled sedation and/or anesthesia for necessary medical procedures during rehabilitation. SQ electrodes are used for obtaining electrophysiological recordings from pinnipeds and are harmless to the animals.  The SQ electrodes are sterile 27 gauge x 10 mm needles that are placed subcutaneously beneath the skin on the animals’ head. One or two electrodes record AEPs and the other is a reference or ground electrode, which subtracts the biological noise produced by the animal to enhance the recorded evoked potential responses.  Testing will be conducted under the supervision of the rehabilitation facility’s attending veterinarian.  Individuals are not tested more than once and testing sessions do not last longer than 60 minutes, except in cases where the individual will be euthanized upon completion of the anesthetic procedure.  Testing time has no impact on animal health or recovery from anesthesia in these individuals.  Therefore, in situations where animals require euthanasia upon completion of anesthesia, testing may be allowed to continue for longer intervals at the discretion of the attending veterinarian.  This protocol maximizes the amount of information that can be obtained from each subject, improves the quality of the data, and precludes any potential residual impact on anesthetic recovery on the individuals tested.  
All AEP procedures performed on stranded and rehabilitating odontocetes and pinnipeds will follow NMFS PR1 policies and protocols. Testing would not delay treatment, movement, or release of a stranded animal nor would it interfere with rehabilitation activities.  It is considered best practice to conduct AEP on cetacean release candidates to assess suitability for release, so this would be considered part the diagnostic testing of the animal and not for scientific research purposes. Testing would be stopped if an animal exhibited any adverse reaction, including abnormal respiration and locomotion, vocalization, vomiting, or other signs of distress.  
Active Acoustic Playbacks.  Active acoustic playbacks would be used to expose cetaceans and pinnipeds to playbacks of pre-recorded songs, social sounds, and feeding calls.   Playbacks may be used during capture and release activities and during rehabilitation.  Sounds and songs would be projected from an underwater speaker hung over the side of a small vessel or in a pool.  Sounds or songs would be projected from the speaker at a volume and quality as close to a real sound/song as possible.  The playback system would be calibrated so precise levels of sound can be projected.  The physiological and/or physical response of the animals to the sounds and songs would be measured, often through behavioral observation and photographs/video recording of the subject animal(s).  Playbacks will be used to determine if an animal can hear and assess how they are responding to sounds.  Sounds may be of conspecifics, closely related species (e.g., other delphinids), or predators to assess the response to the sound.  This information would be used to determine the releasability of a rehabilitated animal.   Additional uses of active acoustic playbacks as a hazing or attractant technique are discussed elsewhere in this application.
Import and Export Activities.  Exportation authorization is necessary for the MMHSRP to provide specimens to the international scientific community for analyses or as control/standard reference materials and to export animals for release. Importation privileges are necessary for the MMHSRP to acquire legally obtained specimens from outside the U.S. for archival in the National Marine Mammal Tissue Bank or for health-related analyses by U.S. experts and laboratories. Importation privileges are also necessary to import live animals of both listed and non-listed species for treatment.  While imports for non-listed marine mammals may be conducted under Section 109(h) for government employees and SA holders, there may be situations in which the import is conducted by personnel that are not authorized under 109(h), and we request to cover those imports of non-listed species under this permit.  Animals to export could be those that were previously imported (alive), animals that stranded in the U.S. but near a foreign border, and animals that stranded within the U.S. but were clearly extralimital and the best release option is determined to be in a foreign country (e.g., artic seals stranding along the U.S. Atlantic coast).
An unlimited number and kinds of marine mammal specimens, including cell lines, will be imported or exported (worldwide) at any time during the year.  Specimens would be taken from the Order Cetacea and the Order Pinnipedia (except walrus), this includes threatened and endangered species.  Specimen materials may include, but are not necessarily limited to: earplugs, teeth, bone, tympanic bullae, ear ossicles, baleen, eyes, muscle, skin, blubber, internal organs and tissues, reproductive organs, mammary glands, milk or colostrum, serum or plasma, urine, tears, blood or blood cells, cells for culture, bile, fetuses, internal and external parasites, stomach/intestines and their contents, feces, flippers, fins, flukes, head and skull, and whole carcasses.  Specimens would generally be acquired opportunistically; therefore specific numbers and kinds of specimens, the countries of exportation, and the countries of origin cannot be predetermined.  
As most specimens are acquired opportunistically, the MMHSRP will have minimal control over the age, size, sex, or reproductive condition of any animals that are sampled. Imported specimens will be legally obtained from:
1. Animals stranded alive or dead or in rehabilitation abroad;
2. Soft parts sloughed, excreted, or discharged by live animals (including blowhole exudate) and collected abroad;
3. Animals taken from permitted or legal scientific study, where such taking is humane;
4. Any captive marine mammal (public display, research, military, or rehabilitation) sampled during husbandry, including samples beyond the scope of normal husbandry or normal rehabilitation practices;
5. Marine mammals taken in legal fisheries targeting marine mammals abroad where such taking is humane;
6. Marine mammals killed during legal subsistence harvests by native communities abroad;
7. Marine mammals killed incidental to recreational and commercial fishing operations or other human activities abroad; or
8. Marine mammals or parts confiscated by law enforcement officials.
All cetacean and pinniped (not including walrus) species, including ESA-listed species, may be imported for medical treatment or exported for translocation for continued rehabilitation and/or release at an appropriate location any time of the year.  Transport will be conducted following the protocols listed and mentioned earlier in this application.  If necessary, CITES import/export/re-export permits will be obtained.  The MMHSRP currently has a “master file” for export and re-export and a blanket import CITES permit which would be available to be used by Co-Investigators authorized under this permit at the discretion of the PI.
Documentation.  Documentation would occur through a variety of means, including but not limited to, taking photographs (e.g., photo identification), videos (including remote video), thermal imaging, and audio recordings, both above and below the surface of the water.  This documentation would be used to assess the impacts of activities on the animals as well as better understand the health situation of the animal (e.g., better visualize the extent of an entanglement).   All documentation will be in support of or incidental to other requested activities and in the context of close approaches/handling requested above, and no additional takes are requested solely for the purpose of photography, videography, or acoustic recordings.  Documentation obtained under this permit may be shared for education and outreach purposes after review by the PI.  Review of documentation contributes information to the after action review and may result in future modification of activities.

